Many reviews have been written on the biochemistry and cell biology of actin filaments and microtubules individually (see Korn, 1982; Kirschner and Mitchison, 1986; Pollard, 1986a; Pollard and Cooper, 1986; Gelfand and Bershadsky, 1991; Caplow, 1992) . Most labs work on one polymer or the other, which has led to something of a gulf between the actin and microtubule research fields. As a broad (and therefore dangerous) generalization, actin research over the last 10 y has focused on detailed biochemistry, in particular of actin binding proteins, whereas microtubule research has focused on trying to understand behavior and function in vivo. These studies have produced intellectual insights and technical tools that can be usefully transferred between the two polymers. The title of this essay "compare and contrast. . . ," is intended to recall the typical finals exercise, where the task is as much to define the question as to answer it. The discussion will focus on polymerization dynamics of the two polymers, both in vitro and in vivo, and what we can learn from comparing them. My goal is to abstract common principles and to focus attention on areas where recent insights into one polymer should lead us to question assumptions about the other. For another comparison of dynamics, see Carlier, 1989 .
MONOMER STRUCTURE
Actin is a 43-kDa bilobed protein that binds ATP in the cleft between the two lobes . Structurally, actin is related to the ATPase domain of the HSC-70 heat-shock proteins and to hexokinase. Tubulin is a heterodimer of related 55-kDa a and ,B subunits whose 3-d structure is currently unknown. Both subunits bind GTP, and tubulin is thought to be a distant evolutionary cousin of the GTPase family (Bourne et al., 1991) . Thus actin and tubulin are quite distinct at the protein structural level and may have descended from two different classes of primitive nucleotide binding proteins that specialized in binding ATP and GTP, respectively.
POLYMER STRUCTURE AND MECHANICS Actin and tubulin both self-associate to form long polymers by the process of helical polymerization. In the polymer lattices all subunits occupy equivalent or quasiequivalent positions with respect to their neighbors (Beese et al., 1987; Holmes et al., 1990) . Helical polymerization is constrained by structural, kinetic, and thermodynamic considerations that force some fundamental similarities between actin filaments and microtubules. First, both actin filaments and microtubules are polar, because all the subunits point the same way in the lattice. This polarity is central to their biology, and it makes the two ends of the polymer different. This difference is used by the cell to promote spatial organization. Polarity also controls the direction of movement of motor proteins. The faster growing end is termed the barbed end for actin filaments, and the plus end for microtubules, and the slower, the pointed, and minus end, respectively. Second, the polymerization kinetics of all helical polymers can be described by a relatively simple set of equations that explain such phenomena as the kinetic barrier to nucleation and the linear dependence of polymerization rate on monomer concentration (Oosawa and Asakura, 1975) . These equations govern the polymerization dynamics of both actin filaments and microtubules, although as I shall explore below, they are complicated by nucleotide hydrolysis during polymerization.
Despite these fundamental similarities, actin filaments and microtubules differ greatly in lattice structure and thus in mechanical properties. Actin filaments, which have a two-stranded lattice, are thin and flexible. Microtubules, which have a hollow, thirteen-stranded lattice, are thicker and much stiffer. The resistance of a rod to bending is measured by a parameter called the flexural rigidity, and by this parameter microtubules are -300 times stiffer than actin filaments (Howard, personal communication) . The stiffness of microtubules allows them to resist compressive forces without buckling, and thus to act individually as both structural elements and transport tracks in cells. Consistent with their mechanical integrity as individual polymers, microtubules are often spaced far enough apart in cells to make crosslinking of adjacent microtubules by single proteins unlikely. Direct cross-linking may however be important in specialized, microtubule rich structures such as axons and mitotic spindles (Dustin, 1984) . In contrast individual actin filaments would tend to buckle under compressive forces, though they are still resistant to quite large extensive forces, for example those acting in muscle sarcomeres. To achieve stiffness and mechanical in-tegrity, individual actin filaments must be cross-linked into larger arrays. In cells they are usually found either in bundles dominated by cross-links between parallel filaments, or gels dominated by cross-links between orthogonal filaments (Small, 1988 ). Thus we might expect cross-linking proteins to be ubiquitously important in the biology of actin filaments, and indeed many such proteins have been identified and characterized (Matsudaira, 1991) .
In keeping with their mechanical properties, it has been postulated that the structure of the cytoplasm may be governed by a balance between tension in actin filaments balanced by compression on microtubules. This "tensegrity" model can explain aspects of the mechanical properties of axons (Heidemann and Buxbaum, 1990 ) and populations of fibroblasts or endothelial cells in collagen gels (Kolodney and Wysolmerski, 1992) . In general actin filaments that associate with bipolar myosin-II filaments are expected to experience tension as a result of contractile force produced by the myosin heads. Thus stress-fibers, cleavage furrows, and much of the cell cortex are under tension as a result of myosin action (Bray, 1992b) . Less is known about mechanical forces acting on microtubules, and the tensegrity model is not general. For example filipodia and lamellipodia are actin based structures that protrude actively from the front of the cell and are thus presumably under compression (Bray, 1992a) , whereas in the mitotic spindle different classes of microtubules are thought to bear both tension and compression (McIntosh and Hering, 1991) . NUCLEOTIDE HYDROLYSIS DURING POLYMERIZATION Helical polymerization of proteins does not require an input of energy from NTP hydrolysis. For example bacterial flagellin and tobacco mosaic virus (TMV) coat protein polymerize without nucleotides. Thus the fact that both actin and tubulin bind and hydrolyze NTP during polymerization is surprising and potentially informative. In both cases the bound nucleotide is exchangeable with free nucleotide in the protein monomer but exchange is blocked in polymer, polymerization is more favorable with the triphosphate, and hydrolysis rate is very slow on monomer but faster on polymer (Carlier, 1989) . Figure 1 shows a minimal kinetic scheme that applies to both polymers.
Given the structural dissimilarity of actin and tubulin, these similarities in nucleotide chemistry represent a remarkable instance of convergent evolution. The resemblance is even more striking when we consider the way the energy of NTP hydrolysis is used. In both cases hydrolysis destabilizes the polymer lattice. ADP-actin and GDP-tubulin bind less strongly to the filament end than do the corresponding NTP forms. This is manifest in the faster dissociation rates of NDP-monomer com- (Carlier, 1989; Caplow, 1992) . For both polymers the dissociation rate of the NTP subunits (1) is less than that of the NDP subunit and (2), shows that hydrolysis serves to weaken the polymer lattice. This effect is diagrammed as the change from rectangle to ellipse morphology, although in reality the conformational changes must be much more subtle. Also shown is the rate of NDP release from monomer (3), which limits the rate of nucleotide exchange, and which is slower for actin than for tubulin. The rate constants are for pure proteins in vitro. The dissociation rate of GTPtubulin from microtubules varies with the method of protein preparation, and the lower value is probably closer to physiological. References: 1, Pollard, 1986b; 2, Drechsel et al., 1992; 3, Walker et al., 1988; 4, Neidland Engel, 1979; 5, Brylawski and Caplow, 1983. pared with NTP-monomer for both polymers ( Figure   1 ) and at least in the case of actin, a slower association rate for the ADP-monomer (Pollard, 1986b) . The model in Figure 1 is highly simplified, neglecting, for example, the fact that phosphate release from the polymer is a separate step from hydrolysis. There is strong evidence for actin, and weaker evidence for tubulin, that destabilization of the polymer lattice in fact follows the phosphate release step rather than the actual hydrolysis step (Carlier, 1989) . Figure 1 also leaves out the kinetic details of the hydrolysis mechanism, which are poorly understood for either polymer (Carlier, 1989; Caplow, 1992) . By weakening the bonds that hold the lattice together, NTP hydrolysis promotes dynamics for both polymers. For microtubules the fundamental dynamic mode seems to be dynamic instability, where individual microtubules alternate between extensive bouts of polymerization and depolymerization (Kirschner and Mitchison, 1986) . This occurs because a microtubule with GDP subunits exposed at its end is unstable with respect to the concentration of free tubulin at steady state and thus loses subunits, whereas an end with exposed GTP subunits is stable and adds subunits. It also requires that the inter conversion of growing and shrinking ends is rather slow compared with subunit association and dissociation events. Dynamic instability was discovered with the use of pure tubulin in vitro, but it has also been relatively easy to observe in living cells, where individual microtubules can be imaged. It leads to fairly rapid turnover of the microtubule cytoskeleton in fibroblasts with a half time of -5 min in interphase and 30 s in mitosis (Gelfand and Bershadsky, 1991) . The mechanism by which bound nucleotide affects the kinetic parameters of microtubules ends is unknown, though recent work with frozen-hydrated electron microscopy has revealed that growing and shrinking ends have very different structures (Mandelkow et al., 1991) .
The role of ATP hydrolysis in actin dynamics is less certain. It is difficult to observe single actin filaments by optical microscopy, and thus their dynamics must be inferred from population studies. Furthermore it has been difficult to extrapolate from in vitro association and dissociation rates to in vivo behavior. For pure actin in vitro one consequence of ATP hydrolysis is to give the two ends of the filament a different critical concentration (Wegner, 1976) . Thus at steady state net depolymerization occurs at pointed ends and net polymerization at barbed ends, a behavior termed treadmilling. One measure of dynamics is the rate at which polymer exchanges with monomeric subunits at steady state, termed the filament turnover rate. The turnover rate by treadmilling is limited by the dissociation rate of ADPactin from the pointed end of the filament. This rate is quite slow in vitro [0.3 s-1 (Pollard, 1986b) ], and filaments turn over with a half-life of 30 min or more (Wegner, 1976) . Actin filaments in cells turn over much more rapidly, with a half-life of <1 min in lamellipodia and Listeria tails (Theriot and Mitchison, 1991; . Unless dissociation of ADP actin from pointed ends is accelerated by some factor in vivo, we need an alternative to treadmilling to explain rapid filament turnover.
One possible mechanism for rapid turnover of actin filaments in vivo is dynamic instability. By this I mean turnover by alternating bouts of polymerization and depolymerization from the barbed end, utilizing the lower critical concentrations of ADP-actin compared with ATP-actin to drive turnover. Dissociation of ADPactin from the barbed end of the filament occurs at a rate of 7 s-1 in vitro (Pollard, 1986b) , much faster than dissociation from pointed ends. Thus turnover by dynamic instability could in principle occur much more rapidly than by treadmilling. Given realistic estimates of actin filament length in vivo, and these dissociation rates, dynamic instability can account for actin filament turnover rates in vivo whereas treadmilling cannot . Thus the similarity between actin filament and microtubule dynamics may extend to polymer turnover mechanism. A second plausible mechanism for rapid turnover invokes filament severing proteins. A class of small filament severing proteins related to the acanthamoeba protein actophorin probably exists in all cells (Pollard and Cooper, 1986) . These proteins sever filaments without capping the newly severed filament ends, and thus should promote rapid depolymerization of actin filament arrays by increasing the concentration of both barbed and pointed ends. Because filaments containing ADP.Piactin are resistant to severing (Maciver et al., 1991) , newly polymerized filaments may be resistant to severing in vivo, becoming susceptible only after some time interval. This would provide an elegant timing mechanism for regulating turnover. I should emphasize that we as yet have no direct evidence as to actin filament turnover mechanism in vivo. Severing and dynamic instability are not mutually exclusive, because the most rapid turnover would occur by generating new ADPbarbed ends by severing and then depolymerizing from these ends by dynamic instability. MONOMER POOLS AND REGULATION The key to understanding actin filament dynamics and their regulation in vivo may lie in the monomer pool. Pure actin polymerizes until the free monomer level is reduced to -0.2 ,um, whereas the cytoplasm of motile cells contain 20-200 ,um actin monomer depending on cell type and physiological state (Korn, 1978; Heacock and Bamburgh, 1983) . Thus cells have a pool of actin monomer <100-fold higher than expected, and we need to understand how its polymerization is regulated. It has been argued that the actin pool is buffered or sequestered by proteins that bind reversibly to monomer and prevent polymerization (Korn, 1982; Pollard and Cooper, 1986) . Profilin is one candidate monomer sequestering protein (Carlsson et al., 1977) , and a protein related to profilin seems to play this role in thyone sperm (Tilney, 1976) . However the relatively low affinity of profilin for actin, and its low concentration relative to actin, particularly when membrane binding is factored in, make it a poor candidate for buffering the actin monomer pool in the cytoplasm of more typical motile cells . Thymosinp4, a 5-kDa peptide, is currently a better candidate for sequestering actin monomer (Safer et al., 1990 . It inhibits polymerization in vitro, and both its affinity for actin, and concentration relative to actin are consistent with its being the dominant actin sequestering protein in platelets and other cells.
Many questions remain concerning actin monomer sequestration. One as yet unexplained paradox is the apparent compartmentation of active monomer. For example, in the listeria tail example discussed below, actin polymerization at the bacterium/tail interface must occur at .100 s-1 to explain the rate of bacterial movement. This rate requires an active monomer concentration of <10 yM. However the filaments once formed depolymerize quickly, implying an active monomer concentration in bulk cytoplasm well below 1 jiM. The apparent spatial regulation of polymerization cannot be solely due to buffering by an equilibrium interaction with thymosin-,B4 or any other protein, rather some more active regulatory mechanism is required. Similar considerations apply to the compartmentation of polymerization to the leading edge of motile cells.
A new idea for regulation of the actin monomer pool has come from analysis of the effects of profilin and thymosin-fl4 on the rate of ATP-ADP exchange on actin monomer (Goldschmidt-Cleremont et al., 1992) . Exchange rate is limited by the rate of ADP-release, which occurs with a half-time of 1 min for pure actin (Neidl and Engel, 1979) . Exchange in vivo is probably further slowed by binding of thymosin-34 (GoldschmidtCleremont et al., 1992) . Actin depolymerizes from filaments in the ADP form, and repolymerization is unfavorable until the nucleotide exchanges for ATP. Given the rapid turnover of filaments in vivo, and the potentially slow rate of nucleotide exchange, actin monomer may accumulate in the ADP form. Profilin has the opposite effect to thymosin-beta-4, and it accelerates nucleotide exchange >1000-fold (Mockrin and Korn, 1980; Goldschmidt-Cleremont et al., 1991) . Extrapolating from these observations, profilin may play a key role in promoting actin polymerization by catalyzing nucleotide exchange. Consistent with this role profilin is found in cells in locations where rapid polymerization is occurring (Buss et al., 1992) . Furthermore mutation of yeast profilin (Haarer et al., 1990 ) and a closely related drosophila protein (Cooley et al., 1992 ) both lead to a failure to form actin filaments in important locations. It now seems possible that nucleotide exchange on actin monomer is the key regulated step in controlling polymerization in cells. Regulation at the level of nucleotide exchange is familiar for G-proteins, where nucleotide exchange proteins often trigger the catalytic cycle (Bourne et al., 1991) . Nucleotide exchange is effectively an irreversible step at physiological ATP:ADP ratios, so it could readily explain nonequilibrium effects like the compartmentation of active actin monomers discussed above. How- ever, for this mechanism to apply to actin requires that the monomer pool contains bound ADP rather than ATP, and it is now critical to test this prediction directly.
A pool of unpolymerized tubulin, estimated at 5-10 ,um (Mitchison and Kirschner, 1987 ) also exists in cells. However this is similar to the free subunit concentration that co-exists with dynamically unstable microtubules at steady-state in vitro. Furthermore there is no evidence to suggest that the effective tubulin monomer concentration is different in different parts of cells as is the case for actin. Thus there is no evidence that tubulin polymerization is regulated at the level of monomer sequestration or nucleotide exchange. Exchange is indeed relatively fast for pure tubulin as compared with actin (Figure 1) , though we should bear in mind the possibility that other proteins may retard exchange or sequester tubulin monomer in vivo.
The different regulation of actin and tubulin monomer pools reflects differences in the biology of the two polymers. The fraction of total actin in the polymer form is subject to rapid regulation in response to chemotactic and other external stimuli (Condeelis et al., 1990) . The most dramatic regulation occurs in platelets where actin goes from predominantly monomer to predominantly polymer in seconds upon activation (Carlsson et al., 1977) . In contrast the fraction of total tubulin in polymer is not known to be subject to rapid regulation in any cell type. Tubulin polymerization levels do change during cell differentiation. For example, the fraction of tubulin in microtubules is increased during neurite outgrowth, probably in response to synthesis of mitogenactivated protein (MAP) proteins (Drubin et al., 1988) . However within the limits of current knowledge, the microtubule system is less intimately tied into the second messenger systems of the cell than the actin system, and is thus less subject to short term regulation in either amount or location.
NUCLEATION
For cytoskeletal filaments to perform their functions they must be organized into specific spatial arrays in the cell. One mechanism for achieving this organization is to localize the nucleation of polymers to specific sites. The multistranded structure of both actin filaments and microtubules gives rise to a kinetic barrier to spontaneously nucleating new filaments, manifest as the initial lagphase of an in vitro polymerization curve (Oosawa and Asakura, 1975) . This kinetic barrier is important for preventing spontaneous polymerization of both actin and tubulin at random locations in the cell. By providing specific nucleating sites that overcome it, the cell can control polymer location and polarity. Although this organization principle is common to actin and tubulin, the nature of the nucleating sites are very different. Part of the difference may arise because the ease of nucleation is different for the two polymers. A trimer of actin molecules is sufficient to nucleate a new filament (Pollard and Cooper, 1986) , whereas the minimum structure that can nucleate a microtubule is much larger (Purich and Kristoffersen, 1984) . Thus spontaneous nucleation is kinetically easier for actin.
Microtubules in cells are normally nucleated by a single, specific structure known as the microtubule organizing center (MTOC), usually the centrosome in animal cells (Brinkley, 1985) . Centrosomes nucleate microtu-bules with their more rapidly growing plus ends oriented away from the nucleating site (Figure 2a ). Polymerization occurs only on the distal plus ends. The attached minus ends are thought to be nondynamic in interphase cells, though they do depolymerize in mitosis (Mitchison, 1989) . Recent evidence suggests that a novel tubulin homologue, gamma-tubulin, is mechanistically involved in nucleation, perhaps binding to the minus ends of nucleated microtubules as cartooned in Figure   2a (Uoshi et al., 1992; Oakley, 1992) . This role of gammatubulin has not been confirmed directly, and many questions remain concerning the chemistry and mechanism of microtubule nucleation.
Actin filaments are also nucleated at specific locations in the cell, though the sites are less precisely defined than MTOCs. Nucleation usually occurs in association with the plasma membrane, particularly in parts of the cell periphery undergoing protrusive activity, or in areas where the plasma membrane forms specific adhesion structures (Small, 1988) . Another dramatic example of an actin nucleating site, in this case plasma membrane independent, is the back end of a Listeria bacterium that is moving through the cytoplasm (Tilney and Portnoy, 1989; Dabiri et al., 1990) . The most striking difference between actin nucleating sites and centrosomes is that the more rapidly growing, barbed ends of the actin filaments tend to be oriented towards the nucleating site, and monomers polymerize preferentially on these barbed ends that are proximal to the site (Tilney et al., 1981) . This insertional polymerization leads to continuous flow of polymerized actin away from the nucleating site, manifest as a centripetal flow of actin backwards from the leading edge of motile cells (Wang, 1985) . These surprising generalizations were discovered for plasma membrane nucleating sites, but they apply to the Listeria nucleating site that is diagrammed in Figure  2b . In the case of Listeria, proximal polymerization leads to movement of the bacterium through the cytoplasm, while the nucleated filaments remain stationary in the cytoplasm .
The mechanism by which actin filament nucleating sites actually nucleate is poorly understood. Gelsolin and capping protein can nucleate in vitro (Pollard and Cooper, 1986) but neither is known to be a component of physiological nucleating sites. The best characterized protein that promotes nucleation at plasma membranes is the Dictyostelium protein ponticulin, for which the nucleation mechanism has been studied in some detail (Shariff and Luna, 1990 ). In the Listeria system a specific bacterial protein, act-A, has been implicated in nucleation (Kocks et al., 1992) . However in general our understanding of how actin nucleating sites work is at best sketchy. Given the large actin monomer pool, we must bear in mind the possibility that local nucleation could occur by local monomer activation followed by spontaneous nucleation. However observations that both isolated plasma membranes (Shariff and Luna, 1992) (Tilney and Portnoy, 1989) . The heavy curved lines represent the bacterial membrane protein Act-A that is implicated in promoting nucleation (Kocks et al., 1992) , probably by binding some unknown cellular factor (small circles). Polymerization occurs on proximal, barbed ends. Newly added ATP-actin subunits are shaded, and ADP subunits open. Depolymerization is also occurring from barbed ends, implying filament turnover by dynamic instability. Shortly after nucleation the barbed ends are released, and the bacterium moves forward leaving behind a tail of short filaments that are stationary in the cytoplasm oriented with their barbed ends preferentially towards the bacterium . The actin filaments are rapidly cross-linked by binding proteins including alpha-actinin (short lines between polymers) (Dabiri et al., 1990) . These cartoons are drawn to illustrate mechanism rather than structure and are not drawn to scale.
A centrosome is typically 1-3 gm in diameter and nuleates 20-100 microtubules that are 5-100 jim long in an interphase cell. A listeria bacterium is typically 1.5 um long. Its actin tail is 5-30 jm long, consisting of individual actin filaments each -0.2 gm long and Listeria in lysed cells nucleate polymerization of pure ATP-actin in vitro show that catalysis of the nucleation step must be important in addition to monomer activation, because this exogenous actin does not require monomer activation.
Proximal polymerization at actin nucleating sites creates a mechanical problem not faced by centrosomes, namely how to add subunits to filament ends that are associated with the nucleating site (Figure 2) . We do not yet understand how this is accomplished, but two processes may be involved. First proteins may exist that can hold on to individual barbed ends at the nucleating site while allowing new subunits to be inserted. This would lead to movement of polymerized actin away from the site while barbed ends remain attached. The protein insertin has been proposed to hold on to growing barbed ends while allowing subunit insertion (Ruhnau et al., 1989) . Neither the function nor location of this protein in cells is yet known. Barbed-end directed motor proteins, such as myosins, could also hold on to growing ends as has been proposed for plus end directed microtubule motors in kinetochores (Mitchison, 1988) . Second new actin filaments may be continually nucleated at the site and then released. This mechanism, termed nucleation-release, is distinct from the insertional mechanism in that dynamic barbed ends are continually released from the nucleating site. It leads to a continuous flow of short filaments away from the site. Figure 2b shows a model of the Listeria actin nucleating site that incorporates both nucleation-release and dynamic instability of actin filaments. It can account for the dynamic behavior of the actin filaments in the Listeria tail , and similar models can be drawn for plasma membrane nucleating sites at the leading edge of motile cells (Theriot and Mitchison, 1991) .
CONCLUSION
It is clear that actin filaments and microtubules share attributes we might not have expected (notably the way they use NTP hydrolysis) and differ where we might have expected similarity (such as in nucleation mechanisms in vivo). This essay illustrates that the attempt to compare the two polymers can focus attention on important issues in polymerization dynamics, prompting us to ask such pointed questions as "do actin filaments show dynamic instability?" and "is microtubule polymerization regulated at the level of monomer activation?" I hope that this essay will promote some cross fertilization of ideas, and that future research will turn up more fundamental similarities and puzzling differences between actin filaments and microtubules.
